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Abstract: Batrachochytrium dendrobatidis (Bd) and ranavirus (RV) are pathogens contributing to
the global decline of amphibian populations. Both pathogens can be spread through direct contact
between amphibians, through water carrying the infection, the accidental movement of disease
particles between waterbodies by cattle, boats, or aquatic recreational equipment, or the intentional
movement of infected amphibians used as fishing bait. Amphibians can also experience indirect
human-caused effects due to environmental pollutants, including increased stress levels and reduced
immunity. We conducted a meta-analysis regarding the effects of human impact on Bd and RV
pathogen prevalence and infection loads in Oklahoma amphibians, based on field research conducted
2015-2017. Research sites were identified as having minimal, moderate, or high human impact with
regard to the degree of land usage for aquatic recreation, grazing, and oil/natural gas. Samples
were screened for both Bd (gene ITS1) and RV (gene MCP) via published gPCR methodologies;
results are reported for both prevalence and infection load (calculated based on gPCR output of
mean gene copies multiplied by the dilution factor and extraction volume). We found an average
prevalence of 47% for Bd and 19.2% for RV infection in amphibians (sample sites pooled), with a
trend of increasing prevalence for Bd and RV with increasing human interaction. For both pathogens,
specimens collected from “moderate” sites had the highest infection loads. We advise land managers
overseeing the public use of Oklahoma lands to share educational material regarding amphibian
infectious disease, to prevent future spread.

between several threats, including habitat loss
and modification, environmental pollutants,
over-exploitation for food and the pet trade,
invasive species, climate change, and infectious

Introduction

Global amphibian declines have been at the
forefront of herpetological research for over three
decades, yet no single threat has been pinpointed
as the primary cause. Instead, amphibian
declines have been linked to synergistic effects

diseases (McMenamin et al., 2008; Grant et al.,
2020; Ford et al., 2020). The interplay of all of
these largely anthropogenic factors has been
difficult to tease apart, despite extensive research
(Green et al.,, 2020) and making substantial
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2 Human Impact on Amphibian Infectious Disease

headway to decrease amphibian decline will
require changes to policy and society as well
(Beebee and Griffiths, 2005; Ford et al., 2020).
Many researchers consider the modern spread
of infectious diseases to be one of the most
alarming threats to amphibians, especially as it is
exacerbated by climate change and introductions
to native amphibian communities (Pounds et al.,
2006; Bienentreau and Lesbarreres, 2020). Two
diseases now recognized to be major contributors
to amphibian decline are chytridiomycosis, often
referred to as chytrid and caused by the fungus
Batrachochytrium dendrobatidis (Bd), and a
systemic infection caused by strains of ranavirus
(RV). Chytridiomycosis is a skin infection that
clogs and unravels keratinized amphibian tissue,
decreasing the host’s ability to control osmotic
balance and undergo cutaneous respiration,
often leading to higher mortality in amphibian
populations (Voyles et al., 2009). Less severe
symptoms include lethargy, loss of appetite, and
skin sloughing (O’Hanlon et al., 2018); however,
these too have negative impacts on populations
as they often lead to increased susceptibility
to predation (Berger et al., 1998; Han et al.,
2011). Keratinized structures in amphibians are
reduced in pre-metamorphic individuals, often
associated with oral regions only, therefore,
they are often less susceptible to widespread Bd
infection (Berger et al., 1998), though starvation
has been known to occur (Venesky et al., 2010).

Like Bd, RV-infected individuals experience
symptoms of emaciation and lethargy that
increase their susceptibility to predation (Harp
and Petranka, 2006). Furthermore, RV-infected
organisms can experience organ necrosis and
hemorrhaging, ultimately leading to death
(Gray et al., 2009; Gray and Chinchar, 2015).
Tadpoles are particularly vulnerable to RV
infection, with mortality rates now shown to
increase exponentially with each stage of larval
development (Warne et al., 2011). Furthermore,
because ranavirus is able to switch hosts easily
among several major vertebrate groups, including
amphibians, some reptiles, and fish, it raises great
concern for those studying infectious diseases
on these potentially vulnerable populations
(Jancovich et al., 2005; Currylow et al., 2014;
Gray and Chinchar, 2015). Amphibians with Bd
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and RV comorbidities are at greatest risk, with
cases of coinfections documented previously in
wild populations in the tropical Andes, Costa
Rica, and Oklahoma, USA (Whitfield et al.,
2013; Warne et al., 2016; Watters et al., 2018).
For both Bd and RV, pathogens may only cause
deleterious effects in some species, whereas
tolerant species act as carriers that spread the
disease to more vulnerable species (Schloegel et
al., 2009; Hoverman et al., 2011; Currylow et
al., 2014).

Research indicates that both Bd and RV
have been spread worldwide through the global
commercial amphibian trade (Schloegel et al.,
2009; O’Hanlon et al., 2018), mostly during a
period of time when traders did not use handling
methods that would prevent cross-infections
(Weldon et al., 2004; Fisher and Garner, 2007,
Price et al., 2016). Humans continue to spread
both diseases through direct effects and can
contribute to disease susceptibility though
indirect effects in a number of ways (Gray
et al., 2017). First, some interactions such as
human aquatic recreational activities and cattle
grazing can spread both Bd and RV directly
(Jancovich et al., 2005; Gray et al., 2007;
Greer and Collins 2008; Gray et al., 2017).
For example, humans engaging in recreational
activities like fishing, hunting, and boating
can spread Bd and RV by moving from pond
to pond without disinfecting equipment (i.e.
boats, waders, nets, etc.) that comes into contact
with water or mud (Cunningham et al., 2003;
Gray et al., 2017; Casais et al., 2019), or even
moving infected individuals between locations
by using them as fishing bait (Jancovich et al.,
2005; Picco and Collins, 2008). Indirect human-
mediated stressors have also been shown to
increase amphibian susceptibility to disease
through immune suppression, such as the use
of pesticides, human road traffic, modification
of habitats, and oil and natural gas extraction
(Kerby and Storfer, 2009; Kerby et al., 2011;
Brittingham et al., 2014; Guo et al., 2018; Robert
et al., 2019; Bienentreau and Lesbarreres, 2020).
Furthermore, significant habitat modification
can result in increased amphibian densities in
remaining, fragmented habitats, leading to higher
rates of pathogen transmission (Bienentreau and
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Lesbarreres, 2020). Additionally, the presence of
cattle grazing in the vicinity of waterbodies also
provides both direct and indirect effects through
transfer microbes contained in sediments
between locations (on hooves), degradation of
water quality, and decreases in vegetation in an
area (Harp and Petranka, 2006; Gray et al., 2007;
Greer and Collins, 2008; Miller et al., 2011).
For a state like Oklahoma, where pasture and
rangeland make up approximately 50% of the
land use in the state, oil and natural gas extraction
are prevalent, and wildlife-related recreational
activities are common (U.S. Department of the
Interior, 2001; U.S. Department of Agriculture,
2017; U.S. Energy Information Administration,
2020), these anthropogenic factors are likely
contributing collectively to the distribution and
prevalence of both Bd and RV.

Ampbhibians in Oklahoma have been exposed
to Bd for several decades (Watters et al., 2016),
although the extent of disease prevalence across
the state has become more well understood only
recently through regional and statewide surveys
(Marhankaetal.,2017; Davisetal.,2018; Watters
etal., 2018, 2019; Smith et al., 2019). However,
no study to date has assessed patterns of disease
prevalence and distribution at a statewide level,
nor has the impact of human-mediated habitat
disturbance on pathogen threats of amphibian
populations been evaluated. Oklahoma is home
to many national wildlife refuges, state-managed

wildlife management areas and state parks, and
other conservation lands, all exposed to varying
levels of anthropogenic impacts that may be
contributing to amphibian disease spread and
regionalized population susceptibility. In this
study, we assess whether disease prevalence and
pathogen load across Oklahoma has a positive
correlation with the degree of human-mediated
environmental impact. Such a correlation
would indicate that amphibian populations in
environments increasingly impacted by human-
mediated stressors will be at a greater danger for
mass mortality events and regional extirpation
in the future (Leung et al., 2017).

Methods

Field Data Collection

Fieldwork was conducted in March—June
and September—October in 2015, March—June
in 2016, and March—June and October in 2017.
Surveys were conducted around ponds, lakes,
streams, and wetlands in Oklahoma Department
of Wildlife (ODWC) Wildlife Management
Arecas (WMAs), National Wildlife Refuges
(NWR), Oklahoma State Parks (SP), and The
Nature Conservancy (TNC) preserves (Figure
1). This study is a meta-analysis and field
study, combining reported data for central,
northeastern, and southeastern Oklahoma
(Marhanka et al., 2017; Davis et al., 2018;
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Figure 1. Map of Oklahoma, USA showing sampled sites for the study, with different colored
circles representing minimal (light gray), moderate (dark gray), or high (black) human impact
for each site. If multiple waterbodies were sampled within a site, the placement of each circle
for a sampled area corresponds to the most sampled pond or lake at that site.

Proc. Okla. Acad. Sci. 101: pp 1 - 13 (2021)



4 Human Impact on Amphibian Infectious Disease

Watters et al., 2018, 2019; Smith et al., 2019),
along with unpublished disease survey data for
amphibian populations in western Oklahoma
and TNC preserves. Overall, 43 distinct sites
were sampled (Figure 1), with 3—179 individuals
sampled per site (total N = 1,514 individuals for
Bd; total N = 1,526 individuals for RV).

Sites were classified as having minimal,
moderate, or high human impact based on the
type and volume of human activity in that area
(Table 2). Minimal human impact environments
were defined as sites often forbidding public
access, though some locations may allow
minimal hunting or fishing (N = 11 sites).
Moderate human impact environments were
defined as sites having some amount of grazing,
recreation, boating, fishing, hunting, and oil and/
or natural gas exploitation, with waterbodies
located near roadways and recreational parks (N
= 23 sites). The volume of traffic at these sites
was higher than at sites of minimal impact, but
recreational use was not heavy on a frequent
basis. High human impact environments were
defined as sites subject to heavy mining and oil
and/or natural gas extraction, grazing, fishing,
recreational vehicle usage, hunting, and/or
boating (N = 9 sites). All Oklahoma State Parks
were designated as high human impact sites.
Human impact status decisions were based on
communications with land managers, public
website descriptions of sampled locations, and
our direct field observations (ODWC, 2020).
There were no available statistics for numbers
of visitors for most sites included in this study.

Each site was surveyed for a total of 1248
h, with amphibians captured by hand, aquatic

trap, dip net, or seine, and then kept in individual
plastic bags until swabbing and euthanization
or release. All field collecting equipment (i.c.
waders, traps, nets) was sterilized between
locations using 10% bleach to avoid any potential
contamination of sites (Gray et al., 2017). In
most cases, amphibians were transported back
to the Sam Noble Oklahoma Museum of Natural
History (SNOMNH) prior to disease sample
collection. Rayon-tipped swabs (Medical Wire,
MWE 113) were rubbed over the surface of the
live amphibians before euthanization, for the
collection of potential Bd spores (Lannoo et
al., 2011). Swab heads were placed into sterile,
individually labeled 1.5mL vials. In most cases,
animals were then immediately euthanized via
an aqueous solution of chloretone (hydrous
chlorobutanol; 1, 1, 1, Tri-Chlora 2-methyl,
2-propanol), containing 1 teaspoon of crystals
per 500mL of DI water, for a length of time
appropriate to their body size and skin thickness,
usually 3—5 minutes (Simmons, 2015). For those
amphibians caught as part of a repeat sampling
project in central Oklahoma, many individuals
were released on-site after swabbing (Smith et
al., 2019; Watters et al., 2019). In order to screen
for ranavirus, a tissue sample was collected,
either from the liver of euthanized animals or
the tail or toe of released animals (St-Amour and
Lesbarreres, 2007). Tissue samples were flash
frozen in liquid nitrogen or preserved in 95%
ethanol, then stored in 2mL cryovials. DNA
from swabs were extracted using PrepMan Ultra
(Applied Biosystems; Cheng et al., 2011) and
tissue samples were extracted using a high salt
extraction method (Esselstyn et al., 2008). All
reusable equipment (i.e. scissors, forceps) was
sterilized between sample collections using 10%

Table 1. Nucleotide sequence for forward primers, reverse primers, and probes used in
Batrachochytrium dendrobatidis (Bd) and ranavirus (RV) screening in this study (Boyle et al.,

2004; Forson and Storfer, 2006).

Bd RV
Forward CCTTGATATAATACAGTGTGCCARARGTC | ACACCACCGCCCAAAAGTAC
primer
Reverse AGCCAAGAGATCCGTTGTCAAA CCGTTCATGATGCGGATAATG
Primer
Probe CGAGTCGAACAAAAT CCTCATCGTTCTGGCCATCAACCAC
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bleach or Eliminase (DeconLabs); gloves were
also changed between each sample collection
(Gray et al., 2017).

Genetic Analysis

Quantitative PCR (qPCR) methodologies
were employed to determine presence of Bd
and RV genetic signatures from swab or tissue
extractions and to estimate the number of
gene copies per sample (infection load) using
protocols from Kerby et al. (2013). DNA extracts
were diluted 1:10 for Bd and 1:1 for RV with
0.25x TE Buffer to remove potential inhibitors.
Samples from 2015 were analyzed at the
Disease Testing and Sequencing Facility at the
University of South Dakota (StepOnePlus Real-
Time PCR, software v2.3); 2016-2017 samples
were analyzed at the SNOMNH Genomics Core
Facility (QuantStudio 3.0 Design and Analysis
Software). For each qPCR run, samples for
Bd and RV were run in triplicate, along with
positive controls containing known gene copy
numbers for both pathogens (gBlock DNA
quantities le'-le*), and a single negative
control (ddH,0). For Bd, primers targeted the
ITS-1 rRNA gene (Boyle et al., 2004), and for
RV, primers targeted the major capsid protein
(MCP; Forson and Storfer, 2006) (Table 1).
Samples were considered positive for Bd
(Bd+) or RV (RV+) if amplification occurred
in at least two of the three wells and if the
mean gene copy number per well (from qPCR
output) was greater than 1.0. Any samples that
tested positive in only one of three qPCR wells
was re-run on a new qPCR plate, to determine
whether it was a true negative or whether the
pathogen DNA was simply present in very
small quantities; if the rerun resulted in at least
one positive well, the sample was considered
positive. Infection load was calculated by
obtaining the mean gene number copy/sample
from all wells indicating positive results (from
the qPCR analysis software), then multiplying
this value by the original extract volume, and the
appropriate dilution factor. Disease prevalence
data was analyzed by human impact level using
non-parametric Kruskal-Wallis tests for each
pathogen. Additional Kruskal-Wallis tests were
performed on infection load (mean gene copies/
sample) by human impact level, with pairwise

Wilcoxon-Rank Sum analyses performed as
needed.

Results

The results of our metanalysis show an
average pathogen prevalence of 47% and 19.2%
for Bd and RV, respectively, across the state of
Oklahoma (Table 2). Prevalence patterns for Bd
in Oklahoma were not correlated significantly
with environmental human impact level, despite
a visible stair-step trend of increased prevalence
when moving from minimal to high human
impact (H=1.65, P=0.438; Figure 2). Although
RV prevalence data also showed an increasing
trend from minimal to moderate levels, high
human impact environments possessed similar
viral prevalence to moderate human impact
sites (Figure 2); however, these trends were not
statistically significant (H = 2.86, P = 0.239).
With regard to infection load, there was no
observed significant correlation to environmental
human impact level for Bd (H = 5.63, P =
0.0702; Figure 3), although sites of moderate
human impact tended to have individuals with
higher infection loads (Table 2). In contrast, we
do observe a statistically significant correlation
between RV infection load and human impact
level (H = 28.9, P < 0.001; Table 2; Figure 3),
with post-hoc comparisons of RV infection load
supporting a significant difference between sites
of minimal and moderate human impact only (z
=221, P=0.0135).

Discussion

Sampling efforts aimed at monitoring Bd and
RV in Oklahomahave shown that the two diseases
affect herpetofauna in communities across
the state, with Bd found at higher prevalence
levels than RV (Marhanka et al., 2017; Davis
et al., 2018; Watters et al., 2018, 2019; Smith
et al.,, 2019). Our meta-analysis found a non-
significant trend of increasing prevalence in
both Bd and RV as the degree of human impact
on surveyed environments increased (Figure
2). Although we could not fully reject our null
hypothesis, additional surveys across a greater
temporal sampling of communities for disease
may show more significant associations with
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direct and indirect human-mediated disturbances  recreational activities could be mitigated through
(Brittingham et al., 2014; Gray et al., 2017). increased education regarding disinfection for
Still, the observed trend of increased prevalence people visiting the various locations and/or
with increased human impact remains relevant purchasing hunting and fishing permits for use
to local land managers. Direct spread by human  in the state (Casais et al., 2019; Bienentreau and

Table 2. List of all Oklahoma sites sampled for Batrachochytrium dendrobatidis (Bd) and
ranavirus (RV) prevalence from 2015-2017, sorted by human impact level. Total sample size,
number of positive individuals (+), prevalence (%) + standard deviation (SD), and mean (X)
infection load + SD of infection load are listed for Bd and RV for each site. Site abbreviations
are as follows: Oklahoma Department of Wildlife (ODWC) Wildlife Management Areas
(WMAs), National Wildlife Refuges (NWR), Oklahoma State Parks (SP), and The Nature
Conservancy (TNC) preserves.

Bd RV
Site name County N + % Xinfection load #SD) N + % Xinfection load (+
SD)
MINIMAL 545 166 3046 659,181.95 546 46 84 3713153
(£2,897,358.30) (£ 143,442.36)
Grassy Slough WMA (3378324, McCurtain 27 20 7407 275,147.29 27 2 740 30169
-94.76353) (+449,154.80) (£267.07)
Oka’yanahli TNC Johnston 177 23 12.99 10,095.09 179 0 0 N/A (£ N/A)
(34.43442,-96.64560) (£32,364.02)
Ouachita WMA Le Flore 54 25 46.3 899,866.83 14 1 714 586.10
(34.68206, -94.74407) (£2,086,748.90) (£692.33)
Ozark Plateau NWR, Hamby Unit ~ Delaware 40 14 35 7,77821 38 4 1053 337,939.87
(36.31092,-94.70803) (+136,431.57) (£150,252.20)
Ozark Plateau NWR, vicinity of ~ Delaware 14 7 50 27847152 13 1 769 1006253
Night Train Farm (35.7439%, (£632,016.70) (£N/A)
-94.70409)
Ozark Plateau NWR, Looney Unit ~ Adair 47 PAR 43,902.14 47 0 0 NA
(36.32050,-94.70953) (+84,784.26) (EN/A)
Ozark Plateau NWR, Sallybull Adair 20 6 30 1,897.25 19 0 0 N/A
Unit (35.73804, (+2,473.99) (£N/A)
-04.53851)
Pontotoc Ridge TNC (34.52409,  Pontotoc 38 2 5.26 257139 39 41026 195254
-96.60590) (£3,361.56) (£2,164.88)
Pushmataha WMA (34.53523, Pushmataha 47 24 51.06 2,505,419.96 49 14 2857 130541
95.37177) (£6,128,539.50) (£1,788.50)
Spavinaw WMA Delaware 69 17 24.64 28,310.38 70 3 429 3,109.07
(36.38328,-94.97942) (£65,379.88) (£1,459.82)
Stringtown WMA Atoka 12 5 41.67 505,698.71 12 5 T4 4138
(34.45893,-95.95204) (+815,319.18) (£36744)
MODERATE 788 47 529 1,013,172.80 821 207 2521 523,690.96
(£7,347,673.10) (£4,657,370.82)
50 St. & Bartell Ave., Oklahoma ~ Oklahoma 37 23 62.16 5,568,914.14 34 4 1176 7474952
City (35.52229,-97.43267) (£23,237913) (£ 147447.02)
Arkansas River at Robert S. Kerr ~ Le Flore 14 9 64.29 843,889.22 14 1 14 20296
Lock and Dam 15 (35.52229, (£1,599,005.30) (£N/A)
97.43267)
Camp Gruber WMA (35.69351, Muskogee 28 21 75 165,010.91 28 20075 38,619.80
95.21388) (+555,831.77) (£N/A)
Cherokee WMA Cherokee 14 1 7.14 76.64 14 0 0 N/A
(35.64775, -95.04848) (+N/A) (£N/A)
Cookson WMA Adait/ 142 89 62.68 N/A 151 543576 N/A
(35.67467,-94.83175) Cherokee (*N/A) (£N/A)
Cooper WMA Woodward 10 1 10 1,984.38 10 0 0 N/A
(36.56062, -99.50166) (+995.25) (£N/A)
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Fobb Bottom WMA (33.89288,  Marshall 3 1 3333 27749940 3 1 333 496.68
-96.86565) (EN/A) (£NA)
Fort Supply WMA (36.51990, Woodward 4 | 25 1,968.00 4 | VA 8,649.65
-99.58335) (£N/A) (N/A)
Hulah WMA Osage 11 4 3636  NA 11 4 3636 NA
(36.95639,-96.19199) (£N/A) (£N/A)
James Collins WMA (35.01187,  Latimer 26 14 5385 93,967.58 33 6 1818  666.18
-95.45086) (£162,633.49) (£370.12)
Lexington WMA Cleveland 47 18 393 19,439.89 46 9 1957 84776
(35.04437,-97.24004) (£27,500.96) (£1,219.16)
McClellan-Kerr WMA (35.53111,  Sequoyah 30 8 26.67 47,133.66 30 8 2067 743280
-05.08433) (£73,122.65) (£6,688.91)
McGee Creek WMA (3442796, Atoka 29 19 6552 255,365.08 30 4 1333 45922
-95.87825) (£456,852.75) (£31831)
Mountain Park WMA (34.75610,  Kiowa 18 1 5.56 24.856.20 18 0 0 NA
-99.04420) (£35,002.75) (£ N/A)
Oklahoma City Zoo (35.51705, Oklahoma 59 M4 5763 1,477,820.27 60 17 2833 337.68
-97.47129) (£6,219,816.90) (£45531)
Oologah WMA Nowata 62 26 4194 191,331.69 62 26 4194 55887
(36.65560, -95.51593) (£ 643,974.46) (EN/A)
Osage Hills WMA (36.74756, Osage 14 14 100 337,368.63 20 0 0 NA
-96.18187) (£558,724.25) (tNA)
Packsaddle WMA (35.89135, Ellis 14 13 9286 283,679.73 14 2 1429 24535
-99.72193) (£706,615.74) (£ 159.75)
Pine Creek WMA McCurtain 16 5 3125 46,234.47 21 16 2453 245547709
(34.14252,-95.12228) (£65,356.31) (£10,979,101.38)
Red Slough WMA (33.74901, McCurtain 58 48 82.76 2,302,191.52 2 27619 41370
-04.64159) (£8,603,747.50) (£363.21)
Robbers Cave WMA (34.99551,  Latimer 2 13 5.1 169,048.50 29 9 3103 1,305,693.70
-95.31754) (£ 245,605.34) (£3,904,431.08)
Sutton Urban Wilderness, Cleveland 103 2 27.18 122211.16 105 15 1429 481.62
(35.24266,-97.42689) (£326,647.18) (£558.68)
University of Oklahoma Biological ~Marshall 27 26 963 5,890.84 26 0 0 N/A
Station (33.88150, -96.80122) (£12,56451) (tNA)
HIGH 181 129 7127 268,968.75 159 412579 40249.25
(£955,328.46) (£102,739.85)
Black Mesa SP Cimarron 9 4 4444 91,993.60 10 5 50 7,523.29
(36.84771,-102.88154) (£106,275.25) (£2,164.88)
Great Plains SP Kiowa 5 0 0 N/A 5 1 20 2,507.95
(34.74799,-98.97459) (£N/A) (£NA)
Hickory Creek WMA (34.00422, ~ Love 35 35 100 11,508.19 33 2 606 18080
-97.05785) (£41,099.02) (£88.63)
Hugo WMA Choctaw/ 3 1 3333 598.24 2 2100 459.89
(34.19843,-95.48391) Pushmataha (N/A) (£443.54)
KOA Group Campground, Sequoyah 6 4 66.67 N/A 6 0 0 N/A
Sallisaw (35.43885, (ENA) (£N/A)
-94.81166)
Osage Hills SP Osage 35 26 74.29 24,048.69 20 1260 N/A
(36.74756, -96.18187) (£N/A) (£ N/A)
Sequoyah NWR Sequoyah 28 10 3571 10,837.95 28 12 4286  93,658.03
(35.44331, -94.97335) (£2,688.18) (£150,252.20)
Tenkiller WMA & SP (3560904,  Sequoyah 4 1 25 281,947.92 4 0 0 N/A
-95.07096) (£N/A) (£ N/A)
Wichita Mountains NWR Comanche 56 48 85.71 524,981.54 51 7 1373 5271.92
(34.71400, -98.61472) (£ 1,321,403.6) (£7,834.56)
TOTAL 1,514 2 47.03 782,940.66 1,526 294 1927  331,055.59
(% 5,615,695.70) (£3,619,434.80)
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Lesbarreres, 2020).

Interestingly, infection load data for both
disecases was highest at moderate human
impact sites (Figure 3). This effect was more
pronounced for RV data, with significant
differences between RV gene copies when
comparing minimal and moderate environmental
disturbances (Figure 3). Studies have proposed
that stress to amphibian immune systems from
human traffic, grazing, and land use can lead to
infection load data mirroring disease prevalence
data as human interaction with the environment
increases (Brittingham et al., 2014; Gray et al.,
2017; Bienentreau and Lesbarreres, 2020). One
possible explanation for our observed results is
that many individuals with higher infection loads
may have already succumbed to the disease but
not have been observed in mortality events. More
research needs to be done to further elucidate the
relationship between infection load and pathogen
prevalence for both Bd and RV, and the interplay
with direct and indirect human impacts (Warne
et al.,, 2016; Bienentreau and Lesbarreres,
2020). Unfortunately, host responses to disease
infection involve a myriad of environmental and
host-specific factors, all of which together result
in high variability of disease outcomes observed
in field settings, making predictive assumptions
difficult (Zamudio et al., 2020).

Future research to assess anthropogenic

W Bd+
%

Mean Disease Prevalence (%)
w
38

Minimal

Moderate High
Human Impact Level

Figure 2. Comparisons of Batrachochytrium
dendrobatidis (Bd+) and ranavirus (RV+)
mean prevalence (%) with standard error
bars among sites of minimal, moderate, and
high human impact.
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impacts on Bd and RV prevalence and infection
load could be improved with improved
assessment and temporal monitoring of human
impacts on environmental health across the state,
as well as more even sampling of amphibian
communities and sites within disturbance
categories. For example, Robbers Cave WMA
exhibited a higher-than-average prevalence for
both pathogens (Table 2), and human impacts on-
site include natural gas pipelines, hunting, and
fishing (Watters, personal observation; ODWC,
2020). However, our study did not address the
impacts of each occurrence individually, merely
as a whole. Assessing water quality, quantifying
environmental contaminants, measuring
distance from a pond to a pipeline, or counting
numbers of fisherman and hunters per year
would improve our understanding of individual
disturbance activity impacts. Additionally,
should more detailed information about daily
traffic and levels of recreational use across the
state become available, future studies may be
able to re-evaluate the large, moderate impact
category with more precision. Unfortunately, at
present, the vast majority of sites have no metric
by which to measure human visitation as they
are broadly open to the public (no locked gates,
etc.). However, as of June 2020, Oklahoma State
Parks require a daily parking pass, which may at
least provide relative data for comparison across
parks.

Although the observed trends along the human
impact gradient lacked statistical significance,
this could be the result of smaller sample sizes
per site or category. For example, some sites
in the moderate and high impact categories
had fewer than 10 individual disease samples
collected (Table 2). Additionally, there were
comparatively fewer locations of minimal and
high human impact (N = 11 and 9, respectively)
compared to the number of locations classified
as having moderate human impact (N = 23).
The addition of increased species-specific and
community-level sampling across sites, as
well as additional surveys at minimal and high
human impact environments, would allow for
more robust tests for correlated patterns. In
general, more objective classifications of human
impact based on environmental measurements
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Figure 3. Comparisons of Batrachochytrium
dendrobatidis (Bd+) and ranavirus (RV+)
mean infection loads (calculated from mean
gene copies) with standard error bars among
sites of minimal, moderate, and high human
impact. Statistical analysis resulted in a
significant difference of RV infection loads
between sites of minimal and moderate
human impact only, as indicated by an
asterisk (*).

and recreational and land usage metrics would
increase statistical power in future studies. With
identification of the most influential behaviors
on human-mediated spread of Bd and RV, we
can direct education efforts to land managers
and the public accordingly.

In conclusion, our findings will help
conservation efforts within Oklahoma by
identifying specific areas in need of further
preventive measures against the spread
of amphibian infectious disease. Disease
prevalence at several moderate and high areas of
human impact are above 50% for Bd and around
25% for RV (Table 2). Additionally, since RV is
not specific to amphibians, it has the potential
to infect sympatric reptiles (particularly turtles)
and fish in their ecosystems (Jancovich et
al., 2005; Currylow et al., 2014), therefore,
continued monitoring is recommended for all
taxa potentially impacted. Additionally, while
preliminary results on amphibian infectious
diseases have been shared through an ODWC
blog in 2018 (https://www.wildlifedepartment.
com/ooj/health-checkup-oklahomas-frogs-and-
salamanders), an official educational campaign
should be developed for Oklahoma. This could
include instructions for fisherman or boaters on
properly sterilizing equipment when moving

between bodies of water (Cunningham et al.,
2003; Gray et al., 2017) and on the threats of
using amphibians as bait that may carry infections
as has been documented in other areas of the
United States (Jancovich et al., 2005; Picco and
Collins, 2008). Research indicates that the only
way to mitigate amphibian population declines
is to improve communication and collaboration
among all possible stakeholders—researchers,
land owners and managers, and the general
public alike (Canessa et al., 2019).
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